Feasibility analysis on sonication pretreated microalgae Chlorella Vulgaris on bioenergy and biofuels production by RUTIGLIANO, ANGELA
  
 
UNIVERSITÀ DEGLI STUDI DI PISA 
FACOLTÀ DI INGEGNERIA 
 
Master of Science in Chemical Engineering 
 
 
Feasibility Analysis on Sonication Pretreated 
Microalgae Chlorella Vulgaris on Bioenergy 
and Biofuels Production 
 
 
 
Supervisors: 
Prof. Nicolella Cristiano 
Prof. Tognotti Leonardo 
Prof. Garoma Temesgen 
Candidate: 
Rutigliano Angela 
 
 
Academic year 2014 - 2015 
  
 
 
 
 
 
ii | P a g .  
 
 
 
 
 
 
 
 
 
 
 
 
DEDICATION 
 
To my mother, who always believed in me  
iii | P a g .  
 
TABLE OF CONTENTS 
ABSTRACT OF THE THESIS ............................................................................................. vi 
LIST OF TABLES ................................................................................................................ vii 
LIST OF FIGURES ................................................................................................................ ix 
ACKNOWLEDGMENTS ...................................................................................................... xi 
CHAPTER 1 ............................................................................................................................. 1 
INTRODUCTION .................................................................................................................... 1 
1.1 ABOUT CHLORELLA VULGARIS .......................................................................... 3 
1.2 MICROALGAL BIOFUELS ..................................................................................... 5 
1.2.1  Biodiesel .............................................................................................................. 6 
1.2.2 Bioethanol ........................................................................................................... 6 
1.3 BIOETHANOL PRODUCTION PROCESS ........................................................... 7 
1.3.1 Algae Cultivation ............................................................................................... 8 
1.3.2 Algae Harvesting ................................................................................................ 9 
1.3.3 Lipid extraction .................................................................................................. 9 
1.3.3.1 Bligh and Dyer Method ................................................................................... 10 
1.3.4 Purification and Fermentation ....................................................................... 12 
1.4 MICROALGAE PRETREATMENTS ................................................................... 12 
1.4.1 Disruption of microalgal cell walls: ultrasounds and microwaves .............. 13 
1.4.2 Previous studies on Ultrasonication ............................................................... 16 
CHAPTER 2 ........................................................................................................................... 18 
MATERIALS AND METHODS .......................................................................................... 18 
2.1 EXPERIMENTAL APPROACH ............................................................................ 18 
2.1.1 Samples preparation ........................................................................................ 18 
2.1.2 Sonication conditions ....................................................................................... 19 
iv | P a g .  
 
2.1.3 Lipid extraction: Bligh and Dyer procedure ................................................. 20 
2.1.4 Purification ....................................................................................................... 21 
2.1.5 Fermentation and Filtration ........................................................................... 22 
2.2 MATERIALS ............................................................................................................ 23 
2.2.1 Microalgae growth medium ............................................................................ 23 
2.2.2 Developing and maintaining the culture ........................................................ 23 
2.2.3 Growing the culture ......................................................................................... 24 
2.2.4 Harvesting ......................................................................................................... 26 
2.3 ANALYTICAL METHODS .................................................................................... 28 
2.3.1 Total and Volatile Solids Analysis .................................................................. 28 
2.3.2 Total Lipids Analysis ....................................................................................... 29 
2.3.3. pH ...................................................................................................................... 29 
2.3.4 Optical Density ................................................................................................. 29 
2.3.5 Hemocytometer Analysis ................................................................................. 30 
2.3.6 sCOD ................................................................................................................. 32 
CHAPTER 3 ........................................................................................................................... 34 
RESULTS AND DISCUSSION ............................................................................................ 34 
3.1 MICROALGAE GROWTH CURVES ................................................................... 34 
3.2 EFFECT OF BIOMASS CONCENTRATION ON LIPID EXTRACTION 
WITH THE BLIGH AND DYER METHOD .................................................................... 35 
3.3 – SONICATION PRETREATMENT: IDENTIFICATION OF THE BEST 
EXPOSURE TIME ............................................................................................................... 39 
3.4 IMPACT OF SONICATION EXPOSURE TIMES ON LIPID 
EXTRACTION, PURIFICATION AND FERMENTATION .......................................... 45 
3.4.1 Energy Analysis of Sonication ........................................................................ 47 
3.4.1.1 Impact on Lipid extraction ................................................................................ 48 
v | P a g .  
 
3.4.1.2 Impact on Bioethanol production ..................................................................... 49 
CHAPTER 4 ........................................................................................................................... 51 
CONCLUSIONS AND RECOMMENDATIONS ............................................................... 51 
4.1 SUMMARY AND CONCLUSIONS ....................................................................... 51 
4.2 RECOMMENDATIONS .......................................................................................... 51 
REFERENCES ....................................................................................................................... 52 
 
  
vi | P a g .  
 
ABSTRACT OF THE THESIS 
Feasibility Analysis on Sonication Pretreated Microalgae Chlorella Vulgaris on Bioenergy 
and Biofuels Production 
by 
Angela Rutigliano 
Master of Science in Chemical Engineering 
 
 
Algal biofuels are receiving increasing attention due to their potential for providing a viable 
alternative to fossil fuels. Microalgae can be used to produce different kinds of biofuels (i.e. 
bioethanol, biodiesel, biogas) by means of different conversion processes.   
One of the most impressive microalgae, investigated and described during the past years, is the 
green eukaryotic microalga Chlorella Vulgaris (C. vulgaris). The microalga Chlorella vulgaris 
was grown in the laboratory in batch bioreactors. 
 
Cell disruption seems to be necessary to maximize lipid extraction and enhance the biofuels 
production. Cell disruption can be achieved by pretreating the microalgae: ultrasonication is 
one of the most commonly used methods to reach this end.   
 
The goal of this study was to investigate the effect of sonication pretreatment on lipid extraction 
yield and on bioethanol production.  
To achieve the goal: 1) Samples with various weights and biomass concentrations were 
examined; 2) Different samples were pretreated with ultrasonication at different exposure times 
to evaluate different parameters (pH, redox, conductivity, sCOD, viability, power) and select 
the best sonication times; 3) 4 g samples diluted to 8 wt% were treated with ultrasonication at 
two different exposure times (10-min and 20-min).  
Both the 10-min ultrasonication and the 20-min ultrasonication treatments increased the 
amount of lipids extracted by 40.4% and 66.7%, respectively, and the amount of bioethanol 
produced increased by 43.97% and 40.58%, respectively. 
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CHAPTER 1 
INTRODUCTION 
 
The energy demand keeps rising around the world and the energy consumption is supposed to 
grow by 56% between 2010 and 2040 (Garoma and Shackelford, 2014). 
In order to supply the world’s energy requirements and reduce greenhouse gas (GHG) 
emissions, and considering that fossil fuel resources are depleted at an increasing rate with a 
consequent increase in oil prices, the need for alternative sources of energy and renewable 
feedstocks able to integrate with existing infrastructures becomes apparent. 
This is why researches on third-generation biofuels manufactured from microalgae have been 
intensified. 
First generation biofuels, mainly extracted from food and oil crops such as rapeseed oil, 
sugarcane, sugar beet, maize, as well as vegetable oils and animal fats, generate controversies 
because of their impact on deforestation and soil erosion, on water resources, food markets, 
and security (Brennan and Owende, 2010). According to a World Bank policy research 
working paper published in 2008, biofuels derived from grains have raised food prices between 
70 to 75%. 
Second generation biofuels, known as advanced biofuels, are manufactured from 
lignocellulosic biomass derived from non-grain plant materials such as agricultural residues, 
forest harvesting residues or wood processing waste, which makes the required fuel extraction 
harder. The chemical and biological processes used for the second generation biofuels 
production need to separate lignin, hemicellulose and cellulose; the cellulose fractions will be 
then fermented into alcohols. Second generation biofuels are able to reduce GHG emissions by 
60-90% in comparison to fossil fuels, while reduction values for first generation biofuels range 
from 60 to 80%. Nevertheless, the production cost of second generation biofuels is much higher 
than the first generation biofuels.  
The term third generation biofuels refers to biofuels derived from algae and microalgae.  
Microalgae are regarded nowadays as a promising energy source with an outstanding 
biotechnological potential. Microalgae are a source of products such as proteins, carbohydrates, 
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pigments, vitamins, and minerals, and can accumulate large quantities of lipids (25 to 200 times 
more than soybeans) necessary for biodiesel production (Safi et al., 2014). In addition to this, 
these photosynthetic species are able to produce almost half of the atmospheric oxygen on earth 
and capture carbon dioxide from the environment and combustion processes (Gerde et al., 
2012). Algae and microalgae can be tied directly to carbon emitting sources, such as power 
plants and industries, to convert emissions into usable fuels. In this way total emissions would 
be definitely reduced. 
Microalgae can grow in a wide range of environmental conditions on earth and do not compete 
with agricultural lands for food production (Singh et al., 2011). 
 
The present work focuses on biofuels production from Chlorella Vulgaris, one of the most 
researched microalgae species (National Renewable Energy Laboratory 1998). 
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1.1 About Chlorella Vulgaris 
About 40000 microalgae have already been studied and analysed (Sommerfield et al., 2008).  
One of the most impressive of them, investigated and described over the past years, is the 
microalga Chlorella Vulgaris (Safi et al., 2014).  
 
 
Table 2.1 - Chlorella Vulgaris scientific classification 
 
Chlorella Vulgaris is a green unicellular eukaryotic microalga able to accumulate relatively 
high lipid contents. C. Vulgaris has spherical cells with a diameter ranging between 2 and 10 
µm (Yamamoto et al., 2004). 
 
       Figure 1.1 - Optical-microscopic image of Chlorella Vulgaris 
CHLORELLA VULGARIS SCIENTIFIC CLASSIFICATION 
Domain Eukaryota 
Kingdom Protista 
Division Chlorophyta 
Class Trebouxiophyceae 
Order Chlorellales 
Family Chlorellaceae 
Genus Chlorella 
Specie Chlorella Vulgaris 
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The cell wall is made up of sugar (Neto et al., 2013) and results to be fragile during the early 
formation of the cell, increasing in thickness in the mature stages of growth. 
C. Vulgaris reproduces asexually and rapidly (within 24 hours) by autosporulation: inside the 
cell wall of the mother cell four daughter cells are produced. (Safi et al., 2014). 
Many microalgae are considerably rich in oil or lipids: under suitable conditions, some species 
are able to accumulate up to 50%-70% of oil/lipids per dry weight (Pragya et al., 2013).  High 
oil/lipids yield is a very important requirement for biofuel production from algae.  
The lipid content of C. Vulgaris varies according to the growth conditions of the microalgae: 
normal conditions or low nitrogen conditions. 
Table 1.2 shows the chemical compositions and the culture parameters of C. Vulgaris under 
normal and low nitrogen growth conditions. 
According to Safi et al. (2014), during optimal growth conditions C. Vulgaris can reach 5-40% 
lipids per dry weight of biomass, mainly composed of glycolipids, waxes, hydrocarbons, 
phospholipids and small amount of free fatty acids, while during low nitrogen growth 
conditions the maximum lipids content reached is 58%, mainly composed of triacyglycerols 
that accumulate within the cell as dense storage lipid droplets.  
 
Parameter Normal conditions Low N conditions 
Protein [g·Kg-1] 282 67 
Lipid [g·Kg-1] 175 385 
Carbohydrates [g·Kg-1] 495 529 
C [g·Kg-1] 480 538 
N [g·Kg-1] 46 10.9 
P [g·Kg-1] 9.9 2.4 
K [g·Kg-1] 8.2 2 
Mg [g·Kg-1] 3.8 0.9 
S [g·Kg-1] 2.2 0.5 
CO2 [g·Kg-1] 1.8 2.0 
Growth rate [day-1] 0.99 0.77 
Productivity [g·m-2·day-1] 24.75 19.25 
Lower heating value [MJ·Kg-1] 17.5 22.6 
Table 1.2 - Composition and Culture Parameters of C: Vulgaris under normal and low N conditions  
[Data Source: (Lardon et al., 2009)] 
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1.2 Microalgal Biofuels 
Microalgae are an important feedstock for biofuel production, since they are able to generate 
useful quantities of polysaccharides (sugars) and lipids.  
The lipids can be harvested and converted into biodiesel. According to Sheehan et al. (1998) 
microalgae can be up to 40 times more productive than conventional terrestrial crops as a 
biodiesel feedstock, while microalgae carbohydrates can be fermented into alcohol. 
The microalgae C. Vulgaris, in particular, is a promising feedstock for bioethanol production 
because it can accumulate up to 37% (dry weight) of starch. (Salman and Ali, 2014). 
Figure 1.2 shows several ways to convert microalgal biomass into energy sources, classified 
into biochemical conversion, thermochemical conversion, chemical reaction and direct 
combustion.  
 
 
Figure 1.2 - Conversion processes for biofuel production from microalgal biomass 
[Data Source: (Dragone et al. 2010)] 
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1.2.1  Biodiesel 
Biodiesel is produced by a process of mono-alcoholic catalytic transesterification or 
alcoholysis in which triglycerides react with a monoalcohol, most commonly methanol or 
ethanol. Transesterification generates methyl esters of fatty acids, i.e. biodiesel and glycerol. 
The reaction occurs through the following steps: triglycerides are firstly converted to 
diglycerides, then to monoglycerides and finally to glycerol. The reaction can be catalyzed by 
acids, alkalis and lipase enzymes (Chisti, 2007). 
The transesterification reaction requires 3 mol of alcohol for every mol of triglyceride to create 
1 mol of glycerol and 1 mol of methyl esters. Industrially 6 mol of methanol are used for each 
mol of triglycerides (Fukuda et al., 2001).  
Glycerol is an unwanted product; biodiesel is repeatedly washed with water to obtain the 
removal of glycerol and methanol.  
The use of microalgae to produce biodiesel has a considerable importance, since algae have a 
higher productivity than land plants, accumulate large amounts of triglycerides and do not 
require the use of agricultural land. 
The steps in the production of biodiesel from microalgae are as follows: production of algal 
biomass, oil extraction, transesterification, pyrolysis and hydroprocessing. 
 
1.2.2 Bioethanol 
Bioethanol is ethyl alcohol. It is a clear colorless liquid, biodegradable and has a low toxicity. 
As a fuel, bioethanol can be used as an alternative to gasoline, or as additive to gasoline 
mixtures.  It can also be used in the transesterification process for biodiesel production.  
The production of bioethanol from algal biomass is based on the fermentation process of algal 
polysaccharides (starch, sugar and cellulose).  
Besides their capability to produce energy rich lipids, some microalgae are also a considerable 
feedstock for production of bioethanol because of their high carbohydrate content. Indeed, 
some microalgae are able to accumulate big amounts of storage polysaccharides such as starch, 
glycogen and chrysolaminarin. Furthermore, their cell walls can be composed of 
polysaccharides, such as cellulose, mannan, xylans and glycans, that can be chemically or 
enzymatically converted into sugars and then into bioethanol (Chaudhary et al., 2014). 
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1.3 Bioethanol production process 
Figure 1.3 shows a simplified flow sheet for the production of bioethanol from microalgae.  
The main steps are: cultivation, harvesting, extraction, purification and fermentation, and 
filtration. A pretreatment step may be added before the lipid extraction. 
Each step can be completed via various methods and technologies. 
 
 
Figure 1.3 - Flow sheet for the bioethanol production 
  
CULTIVATION
HARVESTING
EXTRACTION
PURIFICATION AND
FERMENTATION
PRETREATMENT
- open ponds/raceways
- closed photo bioreactors
- heterophic growth 
- centrifugation
- flocculation
- filtration
- heating/drying
- thermal pretreatment
- mechanical pretreatment
- chemical pretreatment
- biological pretreatment
FITLRATION
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1.3.1 Algae Cultivation 
Microalgae can be grown in both closed and open systems.  
The use of open pond systems, such as natural waters or wastewater or artificial ponds, is the 
most common and cheap way to obtain a large-scale algal biomass production (Safi et al., 
2014). 
Artificial systems are typically built in concrete, made of a closed loop with recirculation 
channels and located next to power plants or heavy industries with CO2 discharge.  These ponds 
are typically about 15 to 50 cm deep (Safi et al., 2014) and the algae cells are exposed to the 
sunlight. Usually the surface air is sufficient to satisfy the microalgae’s CO2 requirement, 
otherwise submerged aerators may be installed (Brennan and Owende, 2009).  
The limitation inherent to open pond production systems lies in the fact that they need to be 
strictly controlled to avoid pollution, evaporation and contaminations.  
On the other hand, closed photo-bioreactor systems are a viable option for algae biofuel 
production and can be used both to overcome some of the limitations associated to the open 
pond systems and to provide a managed environment.  
Closed photo-bioreactors use CO2 much more efficiently than open ponds: the carbon dioxide 
cannot escape to the atmosphere and feeds the biomass bubbling the tubes (Safi et al., 2014). 
The tubes have transparent walls and their diameter is about 20 cm or less (Chisti, 2007). If the 
tubes are not provided with an adequate sunlight exposure, fluorescent lights will be used.  
In these systems agitation and mixing are vitally important to ensure gas exchange in the tubes: 
algae cultures need to be recirculated and mixed to allow CO2 and O2 to be exchanged between 
the liquid medium and the aeration gas (Brennan and Owende, 2009). 
Microalgae can also be grown heterotrophically: this process does not require light and the 
microalgae are grown in stirred tank bioreactors or fermenters on organic carbon substrates 
such as glucose, acetate and glycerol. In these systems the algae growth is totally independent 
from light energy and highly controlled, and the set-up costs are minimal. Nevertheless, the 
main disadvantage here is the price and the availability of feedstocks for the microalgae. 
 
For the purposes of this research, closed photobioreactors have been used with the aim of 
controlling the algae growth and reducing external contaminations.  
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1.3.2 Algae Harvesting 
A very challenging stage in the microalgal biomass production process is the recovery of 
microalgal biomass from its aqueous environment, which needs one or more solid-liquid 
separation steps. According to Brennan and Owende (2009) this phase accounts for 20-30% of 
the total biomass production costs. The harvesting phase lowers the quantities of solvents that 
must be used later in order to extract oils. 
Many techniques, such as flocculation, filtration, flotation and centrifugal sedimentation, can 
be used; some of them are requires high amounts of energy. Sometimes two techniques can be 
combined to maximize the biomass recovery. The choice of harvesting technique is a key factor 
in the microalgal biomass economic production: it depends on morphological characteristics 
of the microalgae, such as size and density.  
Centrifugation is the most common technique for harvesting C. Vulgaris, because it is highly 
efficient (it is possible to achieve 95% of biomass recovery), rapid and able to treat large algae 
volumes (Safi et al., 2014). And yet, this process involves high energy costs and high 
maintenance requirements due to freely moving parts (Brennan and Owende, 2009). 
1.3.3 Lipid extraction 
Lipids are a heterogeneous group of compounds soluble in non-polar solvents and not soluble 
in water (Bajguz, 2000). Lipids extracted from microalgae can be converted into biodiesel by 
transesterification (Lam and Lee, 2012).  
Solvent extraction, used to extract lipids, is a significant challenge towards the microalgal oil 
production and it is highly dependent on the polarity of the organic solvent or solvent mixture 
(containing a polar and a non-polar solvent) used to extract lipids (Li et al., 2014). In simple 
extractions, specific compounds will be dissolved by blending the emulsified mixture with a 
solvent: the separation is possible because of the different solubility of the component of 
interest and the other components of the mixture. (Bailey, 2000). 
The addition of a nonpolar solvent to an aqueous solution leads to the formation of a biphasic 
mixture, since water is highly polar (Shuler, 2002).  The newly formed nonpolar phase attracts 
nonpolar compounds, such as oils.  
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In the microalgae cell, membrane and wall act as a barrier that avoids contact between the 
extracting solvent and the desired lipid products. In order to break apart the cell, a polar solvent 
is used. 
Sometimes, to achieve more complete microalgal lipid extraction effect, special treatments are 
required, such as cell wall breaking, pressurizing and heating.  
There are four different solvent extraction methods commonly used, which are respectively 
due to Hara and Radin (1978), Folch (Folch et al., 1957), Chen (Chen et al., 1981) and Bligh 
and Dyer (1959); in these methods, different solvents are used (Teo and Idris, 2014).  
In this research, the lipid was extracted from the microalgae using the Bligh and Dryer method. 
1.3.3.1 Bligh and Dyer Method  
The Bligh and Dyer method is simple and widely practiced and consists in a 3-step solvent 
extraction by means of chloroform, methanol and water as co-solvents for extracting lipids. The 
disadvantages here are the adverse effects of chloroform on the environment (Teo and Idris, 
2014).  
The procedure proposed by Bligh and Dyer is based on the hypothesis that an optimum lipid 
extraction occurs when the sample is homogenized with a chloroform and methanol mixture, 
which produces a monophasic system when mixed with water. In order to produce a biphasic 
system, the homogenous system should be diluted with water and/or chloroform: the 
chloroform layer contains the lipids, the methanol/water layer contains the non-lipids. When 
the chloroform layer is isolated, it should be possible to obtain a purified lipid extract (Bligh 
and Dyer, 1959). 
Figure 1.4 shows the chloroform/methanol/water phase diagram. 
The curved line is an equilibrium line determined by empirical data: when the composition of 
the mixture is part of the monophasic area of the diagram above the equilibrium line, there will 
be no separation in the mixture; when the composition is part of the biphasic area below the 
equilibrium line the mixture separates into two immiscible phases.   
The broken line, called "the maximum chloroform tie-line", shows how the mixture will 
separate when it is in equilibrium conditions. Systems with compositions above this line have 
chloroform layers contaminated with methanol and water; systems with compositions below 
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or on “the maximum chloroform tie-line” separate into two separate phases: one is 100% 
chloroform, the other is a mixture of methanol and water.   
 
 
Figure 1.4 - Chloroform/methanol/water phase diagram at 20°C 
[Data Source: (Bligh and Dyer, 1959)] 
 
The Bligh and Dyer procedure was designed for an 80 wt% water sample. 
It starts by adding specific masses of chloroform and methanol in order to obtain a single phase 
chloroform/methanol/water mixture (Point P on Figure 1.4); the system is then diluted with 
chloroform so that two immiscible liquids will be generated (Point Q on Figure 1.4). The last 
step consists in adding water: thus, one of the immiscible phases will be pure chloroform (Point 
R on Figure 1.4). 
According to Bligh and Dyer, the volume ratios of chloroform:methanol:water must be 1:2:0.8 
(Point P on Figure 1.4). The mixture will further on be diluted with a chloroform and water 
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mixture to form a biphasic system in a proportion of 2:2:1.8 (Point R on Figure 1.4). The 
masses of chloroform and water will be chosen so that the lower layer is practically pure 
chloroform. 
If the biomass concentration is different from the designed 20 wt%, the amount of water needs 
to be changed in order to obtain appropriate results.  
1.3.4 Purification and Fermentation 
The fermentation is the chemical transformation of an organic substance into a simpler 
compound under the action of enzymes; in this case this process consists in the conversion of 
glucose to alcohol and carbon dioxide.  
The production of bioethanol from microalgae is based on the fermentation process of algal 
polysaccharides in the form of starch, sugar and cellulose. The fermentation reaction takes 
place under the addition of Saccharomyces cerevisiae, the traditional dry yeast used in the 
fermentation of corn, and enzymes to the concentrated algal biomass. Saccharomyces 
cerevisiae has a high osmotic resistance and can also tolerate low pH levels like 4.0. 
Before giving start to fermentation, the algae samples needs to undergo a purification process, 
which consists in putting the centrifuge tubes with the algae samples in a water bath at 70°C 
for 90 minutes. 
 
1.4 Microalgae Pretreatments 
Lipids can be difficult to extract from wet biomass. Cell disruption can be used to increase the 
lipids extraction efficiency from microalgae by enhancing the release of lipids, improving the 
access of the solvent to intracellular lipids (Florentino de Souza Silva et al., 2014) and reducing 
the required amount of solvent during the extraction procedure.  
Cell disruption can be achieved by pretreating the microalgae: ultrasounds and microwave 
treatments are the most commonly used methods to promote cell disruption in microalgae cell 
cultures.  
The present research will focus on the ultrasonication pretreatment.  
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1.4.1 Disruption of microalgal cell walls: ultrasounds and microwaves 
According to Chen and Oswald (1998), pretreatment methods are a necessary step for 
microalgal cell disruption and biofuels production. Their effectiveness depends on the 
characteristics of the microalgae, such as the toughness and structure of the cell wall and the 
cells macromolecular composition (Passos et al., 2014). 
For instance, C. Vulgaris has a resistant cell wall that seems to be a major barrier for extraction 
process of all internal components (Safi et al., 2014). 
Pretreatment methods can be divided into four groups: thermal, mechanical, chemical and 
biological processes (Figure 1.5): thermal and mechanical pretreatments result to be the most 
effective for microalgae cell disruption (Passos et al., 2014). 
 
 
Figure 1.5 - Microalgae Pretreatments 
[Data Source: (Passos et al., 2014)] 
 
Mechanical pretreatments include ultrasonication and microwave treatment that break cells by 
means of a physical force. Being less dependent on microalgae species, they are the most 
commonly used treatments. Nevertheless, they require a high energy input and electricity 
consumption. 
Ultrasonication utilizes the cavitation effect caused by ultrasounds in a liquid. Ultrasounds 
consist in rapid high-pressure (compression) and low-pressure (rarefaction/decompression) 
cycles of sonic waves. 
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When a liquid sample is irradiated with ultrasounds and its molecules are moved by the acustic 
waves, small voids or vacuum bubbles with liquid vapour inside are generated in the cells. 
These microbubbles will implode violently during compression, creating very high local 
temperature and producing heat, light (sololuminescence), free radicals and shockwaves, which 
can break the cell envelopes of microorganisms (Kim et al., 2013) and, in the microalgae case, 
crack the cell walls (U.S. Department of Energy 2010). 
Ultrasonication can be used at low (<50 kHz) and high (>50 kHz) frequencies (Kim et al., 
2013), but the ultrasonic cavitation seems to be more intense at low frequencies (18-40 kHz) 
(Cravotto et al., 2008). With high frequencies, the change of the microbubbles radius is not 
sufficiently rapid for the microbubbles to collapse (Luo et al., 2014). 
According to Prabakaran and Ravindran (2011) ultrasonication (using a sonicator at a 
resonance of 50 Hz for 15 min) is the most efficient among five cell disruption methods tested, 
including microwaving, for extracting lipids from Chlorella Vulgaris (Florentino de Souza 
Silva et al., 2014). 
 
Microwaves are electromagnetic radiations of frequency between 0.3 and 300 GHz (Mubarak 
et al., 2015). Generally, their frequencies are around 2450 MHz (Passos et al., 2014). 
Microwaves create an oscillating electric field that causes dipole moment and ion conduction 
(Veggi et al., 2013). When a dielectric or polar material is introduced in the electric field, heat 
will be generated because of the frictional forces of molecules in movement. The increase of 
kinetic energy results in the formation of water vapor that increase pressure and disrupts the 
cells. While chemical bonds won’t be broken down, hydrogen bonds can be broken (Passos et 
al., 2014). 
Similarly to ultrasonication, the controllable parameters of microwave pretreatment are output 
power and exposure time. The disadvantage is the high electricity consumption.  
Temperature is a parameter that needs to be checked and monitored, since biomass is heated 
by the movement of water molecules (Passos et al., 2014). 
Non-polar solvents won’t be affected by microwaves because of the lack of dipoles.  
 
Table 1.3 shows advantages and disadvantages of solvent extraction in the case in which no 
pretreatment is applied and when it is ultrasonication/microwaving assisted. 
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Method Advantages Disadvantages 
Solvent Extraction • Very simple and cheap 
 
• Good for small scale 
 
• High efficiency. 
• Long extraction time 
 
• Large volume of solvent 
required, toxic and highly 
flammable 
 
• Solvent recovery is energy 
intensive 
 
Ultrasonication 
assisted 
• Reduced extraction time 
 
• Reduced solvent consumption 
 
• Improved release of cell content due 
to greater penetration of solvent into 
the cellular materials 
 
•High power consumption, 
difficult to scale up 
Microwaving 
assisted 
• More economical 
 
• Environmental friendly 
 
• Reduced extraction time 
 
• Reduced solvent usage 
 
• Improved extraction yield. 
 
• Filtration or centrifugation 
is necessary to remove the 
solid residue 
 
• Efficiency of microwaves 
can be very poor when 
either the target compounds 
or the solvents are non-
polar, or volatile 
Table 1.3 - Advantages and disadvantages of solvent extraction without or with pretreatments  
[Data Source: (Mubarak et al., 2015)] 
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1.4.2 Previous studies on Ultrasonication 
Several studies have been conducted to verify the effectiveness of pretreatments on lipid 
extraction. All of them showed that both ultrasounds and microwaves increase the lipid 
extraction yield. It’s not possible to make comparisons since different procedures, conditions 
and parameters have been used.  
Ultrasonication frequencies range from 10 to 50 kHz, while the exposure time range from 5 
seconds to 60 minutes.  
According to Ma et al. (Ma et al., 2014) the maximum exposure time useful for sonication is 
20 minutes. After 20 minutes there won’t be any additional benefit.  
In all the studies the lipid extraction yield percent increase, varying from 305 (Lee et al., 2013) 
to 400% (Zheng et al., 2011) with a mean and median of 136% and 99% respectively (Garoma 
and Janda., 2016). 
The bulk of the studies carried out thus far describe varied additional sample processing to be 
performed before pretreatment. Zheng et al. (2011), Prabakaran and Ravindran (2011), Lee et 
al. (2013), Ma et al. (2014), Florentino de Souza Silva et al. (2014) suggest freeze drying, while 
Ranjan et al. (2010) treat the sample with saline solution. Both methods perform well. 
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Type of 
Microalgae 
Biomass 
Concentration of 
Sample (wt%) 
Solvent System and 
Ratios (v:v:v) 
No Pre-
treatment 
Lipids 
Extracted per 
Dry Biomass 
(wt%) 
Sonication 
Settings 
Sonication Pre-
treatment 
Lipids Extracted 
per Dry Biomass 
(wt%) 
Reference 
Chlorella 
Vulgaris 0.50 
Chloroform:Methanol:Water 
1:1:2 
 
 
4 
5 min 
10 kHz 
 
6.1 (Lee et al., 2010) 
Chlorella 
Vulgaris 0.25 
Chloroform: Methanol:Water 
1:1:1 3 
20 min 
600 W 
 
15 (Zheng et al., 2011) 
Chlorella 
Vulgaris 0.50 
Chloroform:Methanol:Water 
1:1:0.9 18 
15 min 
50 Hz 
 
40 (Prabakaran and Ravindran, 2011) 
Chlorella 
Vulgaris 5 
Chloroform:Methanol:Water 
40:20:1 5 
10 min  
(Lee et al., 2013) 10 kHz 5.6 47 kHz 6.5 
100 kHz 5.4 
Chlorella 
Vulgaris 2.4 
 
Dichloromethane:Methanol: 
Water 
15:5:9 
 
8.4 20 min 40 kHz 11.6 (Ma et al., 2014) 
Table 1.4 – Summary of reported lipids extracted using solvent extraction combined with sonication  
[Data Source: (Janda, 2015)] 
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CHAPTER 2 
MATERIALS AND METHODS 
2.1 Experimental approach 
The experiments were done on samples prepared from a culture of Chlorella Vulgaris, 
purchased from the Carolina Biological Supply Company. 
In the first experimental period, three separate 10-L microalgae batch bioreactors filled with 7 
L of broth were grown in the laboratory to produce biomass; later on the algae broth was 
prepared adding a soil fertilizer (“Miracle Gro”) to the solution. 
The experiment was divided into different parts: 
- Samples of different weight were prepared with different biomass concentrations and 
lipids were extracted using the Bligh and Dyer method; 
- Samples were treated with ultrasonication at different exposure times to evaluate 
different parameters (pH, redox, conductivity, sCOD, viability, power) and select the 
best sonication times; 
- 4 g samples diluted at 8 wt% were treated with ultrasonication at 2 chosen exposure 
times and lipids were extracted using the Bligh and Dyer method. 
After the solvent extraction, and when no contaminations were present in the samples, 
purification, fermentation and filtration were performed in order to evaluate, with the aid of 
GC technology, the amount of bioethanol produced with or without the sonication 
pretreatment.  
2.1.1 Samples preparation 
Mixtures of C. vulgaris were prepared by mixing microalgae paste and DI water in VWR 50-
mL centrifuge tubes.  The water used for the mixture was retained from the harvesting of the 
microalgae.  The microalgae paste was weighed using a Mettler scale and the water was 
measured using ependorf pipettes.  The biomass concentration of the mixture was measured by 
taking total solids measurements from each mixture.  Samples were prepared by adding specific  
weights of the desired mixture, using a Mettler scale, into a clean VWR 50-mL centrifuge tube.   
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For the first part of the experiments different mixtures with weights ranging from 4 to 8 grams 
at a 27 wt% total solids were prepared.  
The second part of the experiments was focused on the identification of the best sonication 
times: 30 mL samples with different biomass concentrations were sonicated. 
For the last set of experiments, after the harvesting step, the algae were diluted to 8 wt% and 
the sonication pretreatment was performed on 4 g samples at 8 wt% dilution. After the lipid 
extraction and the purification process the algal biomass was concentrated to 25 wt% to 
investigate on the bioethanol production at that biomass concentration.  
2.1.2 Sonication conditions 
Mixtures were ultrasonicated with a Qsonica Q55 ultrasonic processor rated at 20 kHz and 55 
W.  The horn was placed midway into the depth of the sample.  
In the first set of experiments 5, 10, 15, 20, 30, 40 50, 60 minutes exposure times were 
evaluated; in the second set the exposure time did not exceed 20 minutes; 10 and 20 minutes 
were the chosen sonication times for the final experiment. 
 
 
Figure 2.1 - Qsonica Q55 ultrasonic processor 
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2.1.3 Lipid extraction: Bligh and Dyer procedure 
The lipid extraction procedure was performed on algae samples of different weights.  
The protocol to extract lipids from a 5 g algae sample is the following. 
After putting this sample in a 50-mL centrifuge tube, 10 mL of methanol and 5 mL of 
chloroform were added.  
The cap of the centrifuge tube was taped with a vinyl electric tape to prevent any leakage and 
the tube was vortexed for 2 minutes using a Thermolyne Maxi Mix PlusTM vortex.  
Additional 5 mL of chloroform were added to the sample and the tube was vortexed again for 
30 seconds. Lastly, 5 mL of distilled water were added to the 
centrifuge tube and mixed for 30 seconds using the vortex.  
The sample mixture was then centrifuged using a Beckman Coulter 
Allegra X-30R Centrifuge at 10000 rpm for 10 minutes. This 
operation provided the complete separation of a chloroform layer on 
the bottom, a methanol/water layer on the top (the chloroform is more 
dense than the methanol) and a solid residual biomass.  
The original protocol required to remove the chloroform bottom layer 
from the tube using a glass 1-mL Pasteur pipette, place it into a 250-
mL Erlenmeyer flask and then evaporate the chloroform from the flask using a Heidolf Hei-
VAP Precision with glassware set to G5 rotary evaporator, with a bath temperature of 60°C, 
pressure of 400 mbar and a rotation speed of 150 rpm. The algae oil (the remaining sample) 
had to be poured into a pre-weighted aluminum tray and then placed into a desiccator for 10 
minutes and then weighed.  
After some such trials, the procedure was changed: after the removal of the top layer with a 
glass Pasteur pipette, the bottom darker layer containing the lipids was carefully removed with 
a glass pipette, let into a 250-mL Erlenmeyer flask and left overnight in a laminar flow hood 
for the possibly present chloroform to evaporate.  
The total lipid mass is the weight of the flask with the sample minus the weight of the flask. 
 
Figure 2.2 - Sample layers 
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Figure 2.3 – 250-mL Erlenmeyer flasks with lipids   
2.1.4 Purification  
After the removal of the lipids, 10 mL of distilled water were added to each centrifuge tube 
containing the residual biomass. After being mixed by the vortex, the samples underwent a 
purification process, which consisted in putting the centrifuge tubes with the algae samples in 
a water bath at 70°C for 90 minutes for the traces of methanol or chloroform to evaporate. 
 
 
Figure 2.4 – Water bath 
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2.1.5 Fermentation and Filtration 
In order to initiate the procedure, the algal biomass was concentrated to a 50 g/L concentration.  
After the transfer of 50 mL sample of the concentrated biomass in 100 mL bottles, the alpha-
amylase enzyme (“Spezyme”) with a concentration of 0.205 µL/g was added. 
Spezyme amount= 50 g/L * 0.205 µL/g*0.050 L *100* = 51.25 µL 
The bottles were placed in a water bath at 85°C for 120 minutes and then cooled to 35°C to 
adjust the pH to 5.0. 
At this point the gluco-amylase enzyme (“Distillase”) with a concentration of 0.714 µL/g and 
the dry yeast Saccharomyces cerevisiae (“DADY”) with a concentration of 0.0025 g/mL were 
added. 
Distillase amount= 50 g/L * 0.714 µL/g*0.050 L *100 = 178.5 µL 
DADY amount= 0.0025 g/mL * 50 mL = 0.125 g 
The samples were then incubated at 35°C at 150 rpm for 72 hours in a New Brunswick Innova 
42 Incubator Shaker. At the end of the 72 hours, the content of the bottles was filtered using a 
filter paper with 0.45 µL or smaller pore size. 
 
Figure 2.5 – Degassing and Filtration steps  
                                                          
* 100 is a multiplier used to kickstart the reaction. 
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2.2 Materials 
The culture of Chlorella Vulgaris was purchased from the Carolina Biological Supply 
Company (Burlington, NC) and cultivated and harvested in the SDSU Environmental 
Engineering Laboratory.  
Chemicals and reagents used in the laboratory were obtained from Fischer Scientific (Pittsburg, 
PA) and Sigma-Aldrich Co. (St. Louis, Mo). 
2.2.1 Microalgae growth medium 
The growth medium was prepared in the laboratory using the following ingredients quantities: 
• 1.0 g Beef Extract 
• 1.0 g Yeast Extract 
• 0.004 g FeSO4∙7H2O 
• 10.0 g Dextrose 
• 3000 mL Distilled Water 
The pH of the media was later adjusted to 7.5. The medium was subsequently autoclaved using 
the Tuttanauer Autoclave-Steam Sterilizer at 120°C. 
After autoclaving, the growth medium was placed to cool down to room temperature in a 
Thermo Scientific 1300 Series A2 laminar flow hood under UV light to ensure a sterile 
environment and avoid external contaminations.  
2.2.2 Developing and maintaining the culture 
The 30 mL of dilute C. Vulgaris culture was grown on 200 mL of microalgae growth medium 
in a 500 mL glass bottle with a 2-port cap.  
The culture was grown under a 115 V fluorescent light with a 12 hr light/12 hr dark cycle for 
seven days. 
After seven days, the maintenance culture was prepared by inoculating 10 mL of C. Vulgaris 
culture on 200 mL of microalgae growth media in a 500 mL glass bottle with a sterilized 2-
port cap. The cap, covered with an aluminum foil, was fitted with one polypropylene tube 
submerged in the broth used to extract samples of the algae out of the bottle. 
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The composition of the maintenance culture was as follows: 
• 0.066 g Beef Extract 
• 0.066 g Yeast Extract 
• 0.0002 g FeSO4∙7H2O 
• 0.666 g Dextrose 
• 200 mL Distilled Water 
The maintenance culture was kept in the laboratory under minimal light, allowing the algae to 
grow at a slow rate.  
Where necessary, a new maintenance culture was prepared by inoculating 10 ml from the older 
maintenance culture in the new culture.  
The maintenance culture was used to prepare the microalgae starter cultures for the 
experiments. 
2.2.3 Growing the culture 
In the first months, microalgae were grown in a batch system with three 10-L bioreactors in 
parallel, each one with a working volume of 7 liters.  
For each bioreactor, a 200 mL starter culture (in a 500 ml bottle) was prepared in the same way 
as the maintenance culture. For each of the starter culture bottles, 10 mL of the maintenance 
culture were extracted with a sterile 10 mL syringe and inoculated in the starter culture.  
The starter cultures were grown under a 115 V fluorescent light with a 12 hr light/12 hr dark 
cycle for seven days, constantly mixed with the use of stir plates and magnetic stir bars. During 
the last day of growing, the OD at 600 nm wavelength was measured using a Thermo Scientific 
Biomates 3S UV spectrophotometer with 1 cm thick cuvettes to estimate the cell mass during 
the course of culture growth. Distilled water was used as the reference OD.   
The 7-L broth in the 10-L bioreactor was prepared using the following ingredients quantities: 
• 2.333 g Beef Extract 
• 2.333 g Yeast Extract 
• 0.009 g FeSO4∙7H2O 
• 23.333 g Dextrose 
• 7000 mL Distilled Water 
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After seven days the starter cultures were transferred to the 10-L bioreactors aseptically, 
spraying the bottles with ethanol inside the hood. The absorbance value of the starter culture 
before the transfer was requested to be 1.3-1.4.  
The cultures were constantly mixed at about 60 rpm with Fisher Scientific Isotemp stir plates 
under a fluorescent light with a 12 hr light/12 hr dark cycle.  
White or reflective poster boards were placed around the bottles to reflect the light from all 
sides.   
CO2 was supplied to the bioreactors using an air stream containing 4% CO2 at a total flow rate 
of 200 mL/min (or 66.67 mL/min per reactor). 
The microalgae were grown by this system for 7-10 days, until their color turned green and the 
optical density at 600 nm wavelength reached the value of 1.4-1.5. All OD samples were taken 
in triplicates.   
  
 
Figure 2.6 - Batch Bioreactors in parallel at day 0 
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During the last months the algae broth was prepared adding to the solution a fertilizer (“Miracle 
Gro”) containing 24% of Nitrogen. The 2-port caps and the air stream system were replaced 
by sponges and the bottlenecks were wrapped with aluminum foil sprayed with ethanol. 
In this case microalgae were grown in a batch system with six 10-L bioreactors in parallel, each 
one with a working volume of 3-L.  
 
Figure 2.7 - Batch Bioreactors in parallel at day 7 
 
2.2.4 Harvesting 
After the growth, the diluted microalgae suspension was concentrated in order to create a thick 
concentrated algae paste for experimentation, using a Thermo Scientific Sorval RC 6+ 
centrifuge with a Thermo Scientific FiberLite® F10-4X1000 LEX rotor that could process four 
liters at a time.  
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The centrifuge works using the sedimentation principle, where the centripetal acceleration is 
used to evenly distribute substances of greater and lesser density.  
The dilute microalgae were transferred to four 1-L Nalgene centrifuge containers and 
centrifuged for 20 minutes at 9000 rpm. This process was repeated until all the microalgae 
suspension was over, in order to collect enough microalgae paste for the next steps.   
According to Safi et al. (2014), the morphology of Chlorella Vulgaris allows high centrifugal 
stress to be used without damaging the cells structure.  
When contaminations were found in the broth, the microalgae suspension was washed with 
microalgae supernatant during the harvesting process. 
At the end, all the paste was collected in a single 50 mL centrifuge tube, resuspended with the 
supernatant and centrifuged again.  
Figure 2.8 -  Thermo Scientific Sorval RC 6+ centrifuge 
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2.3 Analytical methods 
2.3.1 Total and Volatile Solids Analysis 
“Total solids” is the term applied to the residue material left in an appropriate container after 
evaporation of a sample and its later drying in an oven at a defined temperature (105°C) and at 
a defined time (12 hr). Neverthless, during the present experiments, a drying time of 2 hr was 
used. 
Labeled ceramic crucibles (used for non-newtonian fluid samples) were heated in a Thermo 
Scientific Lindberg Blue M Box Furnace oven at 550°C for 30 minutes. The dishes were then 
allowed to cool to room temperature and store in a desiccator until needed. Immediately before 
use, their initial weight (Co) was recorded using a Mettler scale. About 1.0 g of paste was 
transferred into each crucible using a spatula, and the weight of crucible and wet sample (Cf) 
was recorded.  
 
 
Figure 2.9 - Crucibles 
After this, the crucibles were put in a Thermo Scientific Heratherm oven at 105°C for about 
two hours. When removed from the oven, the dried dishes were transferred to the desiccator 
again and allowed to cool to room temperature and then weighed (C105).  
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The total solids weight has been defined as the dry sample weight divided by the wet sample 
weight: 
(%) = 	
			 ∙ 100         (1) 
 
The crucibles were then placed in the furnace at 550°C for 30 minutes. When removed from 
the furnace, the dishes were transferred to the desiccator in order to be cooled to the room 
temperature and then weighed (C550). 
The volatile solid measurement is calculated as: 
 
(%) = 	
			 ∙ 100         (2) 
 
Volatile solids are those solids lost on ignition or burning of dry solids at 550°C; they normally 
represent the organic fraction in the sample that can be driven off at high temperature. 
2.3.2 Total Lipids Analysis 
The total lipids mass was measured directly in the 250-mL Erlenmeyer flasks that were used 
to evaporate the solvents during the lipids extraction process.  
The total lipids mass is the weight of the flask with the sample minus the weight of the empty 
flask. 
2.3.3. pH 
Microalgae cultures are considerably affected by the pH. Goldman et al. (1981) suggested that 
the pH tolerance limits of the algae are determined by its chemical influence on the growth 
medium and by its metabolic effect on the cells. Moreover, pH is the most effective agent on 
the relative concentrations of the carbonaceous system species in water and can affect the 
availability of carbon for algal photosynthesis (Mostafa S.S.M. et al., 2012). 
In the laboratory the pH was measured dipping the probe into a sample solution after the 
pHmeter was calibrated with three standard buffer solutions: pH 4, pH 7, pH 10. 
2.3.4 Optical Density 
Optical Density is an indirect method to determine algae growth rate by measuring absorbance 
of light within a sample. It is an indirect measurement of biomass concentration in microalgal 
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suspensions. Absorbance of light can be related directly to algae density, determined by 
turbidity of the culture (M.J. Griffiths et al., 2011). 
The growth of the algae in the laboratory was measured taking samples from the cultures and 
reading the optical density (OD) at 600 nm wavelength using a Thermo Scientific Biomates 3S 
UV-visible spectrophotometer with 1 cm thick cuvettes. Distilled water was used as the 
reference OD.    
2.3.5 Hemocytometer Analysis 
The Hemocytometer is a device, originally designed for the counting of blood cells, used to 
count cells manually under the microscope. Using a Hemocytometer is possible to count the 
number of cells and particles in a specific volume of fluid, and thereby calculate the 
concentration of cells in the overall fluid. 
 
Figure 2.10 - Hemocytometer 
 
A hemocytometer is a square chamber carved into a piece of thick glass that has a specific 
depth. The chamber is engraved with a laser-etched grid of perpendicular lines. 
The gridded area consists of nine 1 x 1 mm (1 mm2) squares that are subdivided in 3 directions; 
0.25 x 0.25 mm (0.0625 mm2), 0.25 x 0.20 mm (0.05 mm2) and 0.20 x 0.20 mm (0.04 mm2). 
The central square is further subdivided into 0.05 x 0.05 mm (0.0025 mm2) squares. 
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Figure 2.11 - Desired areas of a Hemocytometer glass for counting cells 
 
The cells must be counted in each block (A to E).  
 
After measuring the optical density of the sample and diluting it with the supernatant, 0.75 mL 
of 8% Trypan blue solution were added to the diluted sample. The sample was then left on a 
rack for 15 minutes, the time needed for a complete staining process. Blue Dye enters the dead 
cells and makes them different in color (dark blue) from other cells and distinguishable during 
the counting. 
At this point the Hemocytometer was placed under the microscope; a glass slide was placed on 
the top of the device and 10-20 μL of the count solution was pipetted and introduced into the 
space between the slide and the Hemocytometer.  
With regard to the cell counting, the blue cells were counted separately as dead cells; the green 
cells are the living cells. The sum of cell numbers was calculated in each category (dead and 
alive) and used as the total number of cells in calculating the concentration of cells in the 
sample. 
 / =    ∙ !"#$%"& '(%)&$*+,)  -.$'),- ∙ 10000 /  (3) 
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2.3.6 sCOD 
The Chemical Oxygen Demand (COD) is the amount of oxidant that reacts with a sample under 
controlled conditions; it is a characteristic of the amount of organic and inorganic components 
in a compound. 
Since most of the organic samples react with dichromate ion (Cr2O72-) and reduce it to the 
chromic ion (Cr3+), potassium dichromate (K2Cr2O7) is a good oxidant choice in the COD test.  
 The sample is heated for two hours with potassium dichromate. Oxidizable organic 
compounds react reducing the dichromate ion to the green chromic ion. The oxygen demand is 
measured colorimetrically with a spectrophotometer.   
Three different ranges of COD are available for COD test: low range 0-150 mgO2/ l, high range 
20-1500 mgO2/l, and high range plus 200-15000 mgO2/l. For low range COD test, the best 
wavelength to measure the dichromate remained in the reagent is 420 nm, but for high range 
and high range plus 620 nm is the best for measuring the Cr3+ produced after oxidation. 
For a soluble COD, the samples can be filtered before analysis through a 0.45 mm filter to 
remove biological interference. During our experiments, the samples were not filtered but 
centrifuged to obtain the supernatant liquid used to measure the sCOD.  
The supernatant is the clear liquid that lies above the solid residue after centrifugation, 
precipitation or settling. The liquid is normally free of precipitate.    
2 mL of the sample were pipetted into a COD digestion reagent vial. The vial was then inverted 
several times to mix, and placed in the COD reactor at 150°C for two hours.  
The samples were then allowed to cool down to room temperature and tested using a 
spectrophotometer.  
After running the COD test in a HACH DRB-200 COD Reactor and measuring the Optical 
density (OD) of the sample/reagent mixture, the sCOD can be obtained from the calibration 
curve (sCOD-OD) showed in Figure 2.12. 
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Figure 2.12 – sCOD calibration curve 
 
 
 
Figure 2.13 - HACH DRB-200 COD Reactor  
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CHAPTER 3 
RESULTS AND DISCUSSION 
3.1 Microalgae Growth Curves 
The growth of the algae was monitored by taking samples from each Starter Culture and 
reading the optical density (OD) at 600 nm using a Thermo Scientific Biomates 3S UV-visible 
spectrophotometer with 1 cm thick cuvettes. Distilled water was used to blank the instrument.    
When the Starter Culture’s OD reached an absorbance of 1.5, it was used to inoculate 7 L of 
growth media in a 10 L bioreactor.  
Even in this case the growth of the algae was monitored by reading the optical density (OD) at 
600 nm. Healthy microalgae grew turning to a solid green color with no visible contaminations.  
Figure 3.1, 3.2 and 3.3 show the growth curves for one set of 3 bioreactors. The first 2 
bioreactors show a healthy microalgae growth by the seventh day with an average OD value 
close to 1.4-1.5. 
Variations in the growth curve depends on variations in the gas flow and the pressure inside 
the bioreactors.  Attempts were made to keep the flow of air and carbon dioxide consistent at 
200 mL/min and 10 mL/min, respectively, but fluctuations were unavoidable, as shown in 
Figure 3.3. 
 
 
Figure 3.1 - Optical density versus time for batch 1 of C. Vulgaris 
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Figure 3.2 - Optical density versus time for batch 2 of C. Vulgaris 
 
 
Figure 3.3 - Optical density versus time for batch 3 of C. Vulgaris 
 
3.2 Effect of Biomass Concentration on Lipid Extraction with the Bligh and Dyer 
Method  
Extracting lipids is a key and a high limiting step for biofuel production based on microalgae. 
The conventional methods for lipid extraction generally involve dewatering before extracting 
lipids since residual water in wet microalgal biomass hindered mass transfer of the lipids from 
the cell and then decreased the efficiency of lipids extraction. 
According to Mata, et al. (2010) during optimal growth conditions, C. Vulgaris can reach 5–
58 wt% lipids per dry weight of biomass that are mainly composed of glycolipids, waxes, 
hydrocarbons, phospholipids and small amounts of free fatty acids. 
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Table 3.1 - Lipid content and productivity of different microalgae species [Mata, et al. 2010] 
 
In this task, it was investigated the effect of biomass concentration on lipid extraction using the 
Bligh and Dyer method. Table 3.2 shows the results for the amount of lipids extracted per dry 
biomass using various mixtures with different algae paste weights (4, 5, 6, 7, 8 g).  The biomass 
concentration in each case is 27 wt%. 
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Algae Paste 
wt @27% 
Biomass 
Concentration 
[g] 
Dry 
Biomass 
[g] 
Mass of 
Lipids 
extracted 
@1st 
extraction 
[g] 
Mass of 
Lipids 
extracted 
@2nd 
extraction 
[g] 
Total mass 
of Lipids 
extracted 
[g] 
Average 
total mass 
of Lipids 
extracted 
[g] 
Standard 
Deviation 
of Lipids 
extracted 
[g] 
Lipids 
extracted 
per Dry 
Biomass 
[g/g] 
  0.176 0.025 0.201    
4 1.08 0.174 0.033 0.207 0.201 0.006 0.186 
  0.179 0.017 0.196    
  0.213 0.045 0.258    
5 1.35 0.204 0.056 0.260 0.252 0.012 0.187 
  0.185 0.053 0.238    
  0.318 0.038 0.355    
6 1.62 0.258 0.052 0.310 0.304 0.055 0.187 
  0.204 0.041 0.246    
  0.285 0.070 0.356    
7 1.89 0.288 0.055 0.343 0.353 0.009 0.187 
  0.291 0.070 0.360    
  0.241 0.105 0.346    
8 2.16 0.296 0.110 0.406 0.391 0.040 0.181 
  0.277 0.146 0.423    
Table 3.2 - Lipid extraction using the Bligh and Dyer extraction of different algae paste wt  of C. Vulgaris 
The amount of lipids extracted is within the range of the reported lipid content of C. vulgaris 
by Mata et al. (2010).  
The plot in Figure 3.4 shows that the amount of total lipids extracted increases almost linearly 
with the algae paste weight: this is due to the fact that the quantity of organic solvents used 
during the procedure is capable of reacting with and extracting the maximum amount of lipids 
contained in the algae.  
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Figure 3.4 - Average total mass of Lipids extracted versus algae paste weight using Bligh and Dyer’s method 
 
The plot in Figure 3.5 shows the amount of lipids extracted per dry biomass versus algae paste 
weight: the percentage of lipids extracted per dry biomass is almost constant (18.6%) when the 
algae paste weighs 4 to 7 grams and then falls to 17.9% between 7-8 g. 
This is due to the fact that in the second interval the quantity of organic solvents used during 
the procedure is no longer capable of extracting the amount of lipids contained in the algae.  
 
Figure 3.5 -Lipids extracted per Dry Biomass versus algae paste weight using Bligh and Dyer’s method 
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To check if the applied Bligh and Dyer method of lipids extraction generates reliable results, 
vegetable oil has been used as control sample. 
As shown in Table 3.3, the amount of lipids extracted and the yield of the process are calculated 
as: 
 
% /0 = *'--  1"2"!- ,3%)'(%,!"&"%"'# *'-- ∗ 100       (4) 
 
Control Sample Initial mass 
[g] 
Mass of Lipids 
extracted @1st 
extraction [g] 
Mass of Lipids 
extracted @2nd 
extraction [g] 
Total mass of 
Lipids extracted 
[g] 
yield of the 
process [g/g] 
Vegetable Oil 5.069 4.736 0.157 4.893 96.5% 
Table 3.3 – Mass of lipids extracted and yield of the process 
 
The extraction efficiency amounted to 96.5%; 3.5% was lost in the residual solvent. This result 
is consistent with the data found in the literature; the Bligh and Dyer method, indeed, is 
“thought to yield recovery of ≥ 95% of total lipids” (Iverson et al., 2001).  
 
3.3 – Sonication pretreatment: identification of the best exposure time  
The main objective of this paragraph is to identify the best ultrasonic conditions for obtaining 
cell disruption of C. Vulgaris microalgae. 
Mixtures were ultrasonicated with a Qsonica Q55 ultrasonic processor with the capacity to 
operate at a maximum power output of 55 W and a frequency of 20 kHz. 
The cells were sonicated using 30 mL aliquots in customized centrifuge tubes. 
The two main parameters used to quantitatively and qualitatively measure cell disruption were 
soluble COD (sCOD) and % cell viability by means of hemocytometric analysis. 
The three different set of experiments were performed on different algae batches. 
 
During the first trial, sonication was carried out on several time intervals as listed: 5, 10, 15, 
20, 30, 40, 50 and 60 min. The sCOD was found to increase with the duration of sonication. 
An increased sCOD after ultrasonic disintegration indicated efficient disintegration of C. 
vulgaris cells. 
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As shown in Table 3.4, pH, conductivity and sCOD increases with the sonication time. The 
sCOD, anyway, starts destabilizing after 30 minutes. 
 
Sonication Time pH Conductivity (μs/c) sCOD (Abs) Dilution Factor sCOD (mg/L) 
0 6.97 294 0.271 2 1215.218 
5 6.9 283 0.304 2 1363.197 
10 7.30 293 0.376 2 1686.059 
15 7.70 302 0.410 2 1838.522 
20 7.71 303 0.435 2 1950.627 
30 7.66 304 0.537 2 2408.015 
40 7.90 326 0.482 2 2161.384 
50 7.44 316 0.659 2 2955.088 
60 7.66 432 0.669 2 2999.930 
Table 3.4 – pH, Conductivity, sCOD measured at sonication times ranging 5 to 60 min 
where: 
567 8*91 : = 567 (;<) ∗ 700 => ∗ 2242.1    (5) 
 
In Table 3.5 is shown the calculated treatment intensity that was used on the algae during 
sonication. The following equation was used to calculate the treatment intensity: 
> B0/ [DE ∗ F1] =
.HI∗J(KLM)NO PQR
.S 1      (6) 
 
 
Table 3.5 -  Treatment Intensity and sCOD at sonication times ranging 5 to 60 min 
  
 
Sonication 
Time 
Treatment Intensity 
(kW*h/L) sCOD (mg/L) 
0 0.000 1215.218 
5 0.153 1363.197 
10 0.306 1686.059 
15 0.458 1838.522 
20 0.611 1950.627 
30 0.917 2408.015 
40 1.222 2161.384 
50 1.528 2955.088 
60 1.833 2999.930 
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Figure 3.6 – sCOD versus Treatment Intensity (1st set of experiments) 
In the current literature, there is no evidence of common motivations regarding the choice of a 
specific exposure time, even if the most commonly used treatment times for sonication 
pretreatment are 10 and 20 minutes, used in most cases in order to avoid non-essential 
consumption of ultrasonic energy. Some authors propose, with this aim, to evaluate the “degree 
of disintegration”, defined as: 
ΔSCOD = YZ[\ −YZ[\](^Z[\ −YZ[\]) · 100        (7) 
where: 
sCOD: Soluble COD of sonicated sample (mg/L)  
sCODo: Soluble COD of untreated sample (mg/L) 
TCOD: total COD (mg/L) 
 
It was decided to investigate, in the second set of experiments, on exposure times ranging 
between 5 and 20 minutes. 
Sonication 
Time Temperature (°C) pH OD @600 nm sCOD (Abs)* Dilution Factor sCOD (mg/L) 
0 Room Temperature 6.07 1.864 0.338 2 1515.659 
5 42.5 6.22 1.872 0.475 2 212.995 
10 57.8 6.66 1.874 0.512 2 2295.910 
15 66 6.52 1.878 0.532 2 2385.594 
20 68.1 6.80 1.257 0.609 2 2730.878 
Table 3.6 - pH, OD, sCOD measured at sonication times ranging 5 to 20 min 
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Table 3.7 - Treatment Intensity and sCOD at sonication times ranging 5 to 60 min 
 
 
Figure 3.7 - sCOD versus Treatment Intensity (2nd set of experiments) 
 
In the second set of experiments also a Hemocytometer analysis has been carried out, as shown 
in Table 3.8. Dead cells and living cells were counted for each sample to determine the % 
viability of the sample and the number of vial cells per 100 mL of sample. 
 
Sonication Time # dead cells # living cells % Viability # vial cells per 100 mL 
0 17 43 100.00 1.08E+10 
5 29 42 97.67 1.05E+10 
10 41 33 76.75 8.25E+09 
15 48 36 83.72 9.00E+09 
20 50 25 34.88 3.75E+09 
Table 3.8 -  #dead cells, #living cells, %viability, #vial cells per 100 mL measured at sonication times ranging 5 
to 20 min 
where: 
# 0 /100  = a.b"'# (,##- '% %"*, %ca.b"'# 	,##- '% %"*, dd     (8) 
%0<00/ = %b"'+"#"%e '% %"*, %c%b"'+"#"%e '% %"*, dd      (9) 
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Sonication Time Treatment Intensity (kW*h/L) sCOD (mg/L) 
0 0.000 1515.660 
5 0.153 2129.995 
10 0.306 2295.910 
15 0.458 2385.594 
20 0.611 2730.878 
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Sonication Time Treatment Intensity  (kW*h/L) # vial cells per 100 mL % Viability  
0 0.000 1.08E+10 100.00  
5 0.153 1.03E+10 97.67  
10 0.306 8.25E+09 76.75  
15 0.458 9.00E+09 83.72  
20 0.611 3.75E+09 34.88  
Table 3.9 – Treatment Intensity, %viability and #vial cells per 100 mL at sonication times ranging 5 to 20 min 
 
  
 
Figure 3.8 - #vial cells per 100 mL versus Treatment Intensity (2nd set of experiments) 
 
 
 
Figure 3.9 - %Viability versus Treatment Intensity (2nd set of experiments) 
For the third set of experiments the same exposure time range was monitored.  Here, samples 
were taken in duplicates. The average values between first and second run were evaluated here. 
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As shown in Figure 3.7 and 3.10, the sCOD values are monotonically increasing with treatment 
intensities and sonication times. 
 
Time TI (kW*h/L) sCOD (mg/L) # vial cells per 100 mL % Viability  
0 0.000 1968.564 1.30E+10 100.00  
5 0.153 2136.721 1.20E+10 92.26  
10 0.306 2304.879 9.40E+09 72.40  
15 0.458 2425.952 5.33E+09 41.00  
20 0.611 2598.594 6.60E+09 50.60  
Table 3.10 - Treatment Intensity, sCOD, #vial cells per 100 mL, %Viability (3rd set of experiments) 
  
 
  
 
 
 
 
 
 
 
 
 
 
  
 
 
 
 
Even if in the two previous figures the plots are not monotonically decreasing in a strict sense, 
we can consider them monotonically decreasing because of the scattering of data.  
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Figure 3.11 - #vial cells per 100 mL versus 
Treatment Intensity (3rd set of experiments) 
Figure 3.12 - %Viability versus Treatment 
Intensity (3rd set of experiments) 
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As a conclusion, 10 and 20 minutes were the chosen sonication times for the last set of 
experiments aimed to determine the amount of lipids extracted and bioethanol produced with 
or without sonication pretreatment.  
3.4 Impact of Sonication exposure times on lipid extraction, purification and 
fermentation  
The amounts of lipids extracted from the pretreated samples were different from those of no-
pretreated samples. For the final experiment two runs were performed. 
Pretreatment 
 
Mass of Lipids 
Extracted 
(g) 
Average Lipids 
Extracted 
(g) 
 
Measured Dry 
Biomass @8% 
(g) 
 
Average Dry 
Biomass @8% 
(g) 
 
Lipids 
Extracted per 
Dry Biomass  
(g/g) 
1st   2nd  1st  2nd 1st  2nd  1st  2nd  1st  2nd  
No 
Pretreatment 
0.049 0.045 0.049 0.045 0.320 0.346 0.32 0.346 0.150 0.130 
10-min  
0.064 0.068 
0.064 0.063 
0.318 0.319  
0.318 
 
0.317 
 
 
0.201 
 
0.199 0.064 0.058 0.318 0.315 
20 min 
0.059 0.069 
0.084 0.066 
0.323 0.316  
0.32 
 
0.318 
 
 
0.262 
 
0.207 0.109 0.062 0.318 0.32 
Table 3.11 - Lipids extracted from C. vulgaris solution with dry biomass concentration 8 wt% with and without 
sonication  
In the first run, pretreatments with 10-min ultrasonication and 20-min ultrasonication both 
increased the amount of lipids extracted by 34 and 74.7% respectively, while in the second run 
the same pretreatments increased the amount of lipids extracted by 53.08 and 59.2%. 
These results are consistent with previous results: according to Lee et al. (2013) and Zheng et 
al. (2011) the range of values reported for the increased yield compared to no pretreatment 
range from 30% to 400% for ultrasonication pretreatment.  
Average values (1st and 2nd run) 
Pretreatment 
Average 
Lipids 
Extracted 
(g) 
 
Average Dry 
Biomass @8% 
(g) 
 
Lipids 
Extracted per 
Dry Biomass  
(g/g) 
No 
Pretreatment 0.047 
0.333 0.141 
Ultrasonication 
[10 min] 0.063 
0.3175 0.198 
Ultrasonication 
[20 min] 0.075 
0.319 0.235 
Table 3.12 – Average values of Lipids extracted from C. vulgaris solution with dry biomass concentration 8 
wt% with and without sonication (last experiment) 
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Average values between first and second run show an increased amount of lipids extracted by 
40.4% with 10-min ultrasonication and by 66.7% with 20-min ultrasonication.  
In order to determine the amount of bioethanol produced with or without sonication 
pretreatments, a GC test was run on the residual sample during the processes of purification 
and fermentation.  
 
Figure 3.13- GC Technology 
 
Figure 3.14 shows the Ethanol Calibration Curve used to obtain the results in Table 3.17. 
 
 
Figure 3.14 – Ethanol Calibration Curve 
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Fermentation Sample Sample# Peak Area (pA*s) Peak Area, avg (pA*s) Ethanol produced (g/L) 
 A 293.957   
0 B 244.240 234.785 1004.68178 
 C 166.157   
 A 4338.600   
10 B 133.238 1501.408 1302.9715 
 C 32.385   
 A 1201.106   
20 B 320.307 591.992 1088.80407 
 C 254.562   
Table 3.13 – GC results 
After the filtration step it was possible to determine the volume of filtrate and the ethanol 
produced. 
In this case the biomass was concentrated to 25 wt%. 
 
1st+2nd Run 
 Filtrate 
(mL) 
Ethanol 
produced 
(g/L) 
Ethanol 
produced (g) 
Biomass 
@25 wt% 
(g) 
Ethanol produced per 
Biomass@25 wt% 
(g/g) 
No-pretreatment 15.5 1004.68 15.57 0.5 31.14 
10-min sonication 27 1302.97 35.18 0.8 43.97 
20-min sonication 20.5 1088.80 22.32 0.55 40.58 
Table 3.14 – Ethanol produced per Biomass at 25 wt% (last set of experiments) 
 
Pretreatments with 10-min ultrasonication and 20-min ultrasonication both increased the 
amount of ethanol produced per biomass at 25 g/L by 41.2 and 30.31% respectively. 
3.4.1 Energy Analysis of Sonication 
The amount of energy required for pretreatment and the amount of increase in energy 
production in this experiment was calculated (Table 3.19, Table 3.20). The energy input is 
the amount of power applied multiplied by the time for pretreatment.  The equations for the 
energy required for pretreatment are: 
> B0/ 8HI∙-1 : =
fg,)×i"*,
b#$*,                            (10) 
> j>k/ l> 7>/ m0 8HnH9: =
i),'%*,&% o&%,&-"%e
p"*'-- 	&(,&%)'%"&=Energy Input         (11) 
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3.4.1.1 Impact on Lipid extraction   
The density of the mixture, as found in literature, is supposed to be very close to the water 
density.  The biomass concentrations of the mixture of 8 wt% was multiplied by the density to 
convert the biomass concentration to 0.08 kg of dry biomass per L.   
The energy required for 10-min ultrasonication was calculated as follows: 
> B0/ = I×
*"&q*1 ×

*1
1 ×
r-
*"& ×
HI

I = 8250
HI∙-
1             (12) 
> j>k/ l> 7>/ m0 = ud
vw∙x
y
.uvzy
= 103125 HnH9              (13) 
The energy required for 20-min ultrasonication was calculated as follows: 
> B0/ = I×d*"&q*1 ×

*1
1 ×
r-
*"& ×
HI

I = 16500
HI∙-
1             (14) 
> j>k/ l> 7>/ m0 = 
r
vw∙x
y
.uvzy
= 206250 HnH9              (15) 
The benefits of pretreatment are in the increase of lipids extracted.  The heating value (HV) 
of the average lipid is 38.3 MJ/kg (Lardon et al., 2009). The following equations were used to 
calculate the increase in energy production: 
0l0  B> 899: =  
(1"2"!- ),(},),! g"%F i),'%*,&% 1"2"!- ),(},),! g"%F$% %),'%*,&%)
~'--  '*2#,×)e p"*'-- 	&(,&%)'%"&               (16) 
B> 0 j>k/ > 0 8HnH9: = 0l0  B> ×   0l0             (17) 
The energy benefits for 10-min ultrasonication were calculated as follows: 
B> 0 0l0  >/ = (0.063k−0.047k)4k×0.08kk
= 0.05 9 #"2"!-9 !)e +"*'--                 (18) 
B> 0  = 0.05 9 #"2"!-9 !)e +"*'-- ×
Su.SHn
9 #"2"!- ×

9
H9 = 1915
Hn
H9                     (19) 
The energy benefits for 20-min ultrasonication were calculated as follows: 
B> 0 0l0  >/ = (0.075k−0.047k)4k×0.08kk
= 0.0875 9 #"2"!-9 !)e +"*'--            (20) 
B> 0  = 0.0875 9 #"2"!-9 !)e +"*'-- ×
Su.SHn
9 #"2"!- ×

9
H9 = 3351.25
Hn
H9            (21) 
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Pretreatment 
Treatment 
Intensity  
(kJ/L) 
Treatment 
Energy 
per Dry 
Biomass 
(kJ/kg) 
Increase 
in Lipids 
Extracted  
(g/g) 
HV of 
Additional 
Lipids 
Extracted 
(kJ/kg) 
HV of 
Additional 
Lipids 
Extracted/ 
Energy Input  
Ratio of 
Energy 
output= 
Energy 
Input/ HV 
10-min 
ultrasonication 
8250 103125 0.05 1915 0.018 2.69 
20-min 
ultrasonication 
16500 206250 0.0875 3351.25 0.016 5.38 
Table 3.15 - Energy requirement and HV for lipid extraction of C. vulgaris with or without sonication 
Both sonication methods required much more energy than they can gain from the lipids 
combustion. 
The ratio of HV of additional lipids extracted to energy input was better for the 10-min than 
for the 20-min ultrasonication. 
3.4.1.2 Impact on Bioethanol production 
For the purification and fermentation step DI water was added to the samples to obtain a 25 
wt% biomass concentrations of the mixture. 
The energy required for 10-min ultrasonication was calculated as follows: 
> B0/ = I×
*"&q*1 ×

*1
1 ×
r-
*"& ×
HI

I = 8250
HI∙-
1         (12bis) 
> j>k/ l> 7>/ m0 = ud
vw∙x
y
.dvzy
= 33000 HnH9          (13bis) 
The energy required for 20-min ultrasonication was calculated as follows: 
> B0/ = I×d*"&q*1 ×

*1
1 ×
r-
*"& ×
HI

I = 16500
HI∙-
1         (14bis) 
> j>k/ l> 7>/ m0 = 
r
vw∙x
y
.dvzy
= 66000 HnH9          (15bis) 
The benefits of pretreatment are the increase in bioethanol produced.  The heating value (HV) 
of the ethanol is 29.7 MJ/kg. 
The following equation was used to calculate bioethanol increase: 
m0ℎ B> 899: =  
(p",%F'&# 2)!$(,! g"%F i),'%*,&% p",%F'&# 2)!$(,! g"%F$% %),'%*,&%)
~'--  '*2#,×)e p"*'-- 	&(,&%)'%"&       (16bis) 
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The bioethanol increase for 10-min ultrasonication was calculated as follows: 
B> 0 m0ℎ l> 0 = 43.97 − 31.14 = 12.83 9 +",%F'&#9 !)e +"*'--        (18bis) 
The bioethanol increase for 20-min ultrasonication was calculated as follows: 
B> 0 m0ℎ l> 0 = 40.58 − 31.14 = 9.44 9 +",%F'&#9 !)e +"*'--        (20bis) 
Pretreatment 
Treatment 
Intensity  
(kJ/L) 
Treatment 
Energy per 
Dry Biomass 
(kJ/kg) 
Increase in 
Bioethanol 
produced  
(g/g) 
 
Ratio of Energy 
Output= 
Energy Input/ 
HV 
10-min 
Ultrasonication 
8250 33000 12.83 1.11 
20-min 
Ultrasonication 
16500 66000 9.44 2.22 
Table 3.16 - Energy requirement for Bioethanol production of C. vulgaris with or without sonication 
Both sonication methods required more energy than the amount of energy gained from the 
bioethanol produced. 
20-min Ultrasonication required the most energy for the amount of bioethanol produced. 
In order to lower the amount of energy input for the sonication methods, as referred to a unity 
mass, a bigger equipment able to process larger amounts of microalgae should be designed to 
have better energy efficiency than the laboratory-scale equipment used for this thesis.   
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CHAPTER 4 
CONCLUSIONS AND RECOMMENDATIONS 
 
4.1 Summary and Conclusions 
The research studied the effect of sonication pretreatment on lipid extraction yield and 
on bioethanol production.  
Lipids were extracted from mixtures of C. vulgaris with varying biomass concentrations in the 
first sets of experiments. The amount of solvents added were held constant. A maximum 
amount of lipids can be extracted using the solvent mixture described in the Bligh and Dyer 
method.  The percentage of lipids extracted per dry biomass at 27% wt ranges between 18.6% 
and 18.7% when the algae paste weighs 4 to 7 grams; when the algae paste weighs 8 g there is 
a decrease of the amount of lipids extracted.  
The amount of lipids that could be extracted with the Bligh and Dyer method increased when 
C. vulgaris was pretreated with ultrasonication at different exposure times, showing that the 
pretreatment mechanism breaks apart the cell wall barrier, not the extracting solvent efficiency.   
Pretreatment of C. vulgaris was effective both in increasing the yield of lipid extraction and 
the bioethanol production.   
10-min ultrasonication and 20-min ultrasonication both increased the amount of lipids 
extracted by 40.4% and 66.7%, respectively, while the amount of bioethanol produced 
increased by 43.97% and 40.58% respectively. Considering that both sonication methods 
required more energy than HV values of products, optimization of sonication method is surely 
required to try to make the pretreatment process net energy positive.   
4.2 Recommendations 
The focus of future research should be on the treatment of larger amounts of microalgae, in 
order to minimize the amount of energy input for the sonication method. This will help to 
determine if pretreatment could be feasible for a net-positive biodiesel and bioethanol 
production process.   
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